A highly sensitive detection test for Rinderpest virus (RPV), based on a real-time reverse transcription-PCR (rRT-PCR)system, was developed. Five different RPV genomic targets were examined, and one was selected and optimized to detect viral RNA in infected tissue culture fluid with a level of detection ranging from 0.59 to 87.5 50% tissue culture infectious doses (TCID 50 ) per reaction depending on the viral isolate. The strain sensitivity of the test was validated on 16 RPV strains belonging to all three phylogenetic branches described for RPV. No cross-reactivity was detected with closely related peste des petit ruminants or with symptomatically similar viruses, including all seven serotypes of foot-and-mouth disease virus, two serotypes of vesicular stomatitis virus, bluetongue virus, and bovine herpes virus type 2. In samples from experimentally infected cattle, our real-time RT-PCR test was significantly more sensitive than the gold standard test of virus isolation, allowing the detection of the disease 2 to 4 days prior to the appearance of clinical signs. The comparison of clinical samples with putative diagnostic value from live animals showed that conjunctival swabs and blood buffy coat were the samples of choice for epidemiological surveillance, while lymph nodes performed the best as postmortem specimens. This portable and rapid real-time RT-PCR has the capability of the preclinical detection of RPV and provides differential diagnosis from look-alike diseases of cattle. As RPV is declared globally eradicated, this test provides an important rapid virus detection tool that does not require the use of infectious virus and allows the processing of a large number of samples.
Rinderpest virus (RPV), a member of the Morbillivirus genus of the Paramyxoviridae family, causes an acute, highly contagious, and often fatal disease in cattle, buffaloes, and yaks (1, 4, 18) . The disease affects the gastrointestinal and respiratory tracts of infected animals and is characterized by fever, nasal and ocular discharges, diarrhea, oral erosions, and lymphoid tissue necrosis (2) . Like all morbilliviruses, RPV is an enveloped, single-stranded, nonsegmented, negative-sense RNA virus that is antigenically and genetically related to other member of the genus, such as measles virus (MV), peste des petits ruminants virus (PPRV), and canine distemper virus (CDV) (4, 15) . The 15.8-kb viral genome contains six genes in the order 3Ј-N-P-M-F-H-L-5Ј [each with their own start and poly(A) signals], an intergenic region between M and F genes, and two flanking untranslated regions (UTRs) at both ends of the genome (3, 8) . Although the disease is expected to be declared eradicated in 2010 (http://www.fao.org/docs/eims /upload/258696/ak064e00.pdf), records indicate that field isolates during the last outbreaks were of low virulence and transmissibility and low mortality, opening the possibility that outbreaks will go undetected (5) . The molecular bases for the differences in RPV pathogenicity are unknown, but the mild disease presentation seen lately (described as subacute infections) constitutes a problem for the early detection of RPV, as outbreaks involving large numbers of animals occur after the failure to recognize the index case in a population. RP also affects sheep, goats, certain breeds of pigs, and a wide range of wildlife species, but infection in these animals usually is subclinical (2) and sometimes indistinguishable from PPRV. Subacute infection in cattle is observed most often in countries where the disease remains enzootic (5) . Therefore, the early preclinical detection of infected animals using a rapid diagnostic test capability for differentiation between RPV and PPRV would be very useful in the surveillance of suspected cases after eradication. In the case of suspected RPV activity, having a rapid and precise viral detection test in place will be critical for disease containment. The current diagnosis of RPV relies on a number of serologic methods, such as indirect enzyme-linked immunosorbent assay (ELISA), competitive ELISA, and seroneutralization (VN) tests, which are not ideal for outbreak detection and, in the case of VN, requires the use of live virus. RPV antibodies start to develop between 2 and 5 days after the onset of clinical disease in virulent infections and 6 to 10 days (up to 17 days) after infection with attenuated strains (5, 13, 16) , which is between 2 and 4 weeks after infection. Therefore, serological approaches for diagnosis, although sensitive and specific, would allow the wide spread of the disease before an alert and the implementation of the appropriate control measures. Antigen detection historically has been carried out by virus isolation (VI) in monolayers of primary calf kidney (B95), a marmoset lymphoblastoid on African green monkey kidney (Vero) cells, and agar gel immunodifusion (AGID). Although these are reliable methods, they are available only in wellestablished laboratories and are not readily available for field use, for import/export purposes, and/or for animal movement regulation. These techniques do not perform well during outbreaks or acute investigations and lack the necessary speed and sensitivity required for outbreak control situations. Moreover, neither these tests nor clinical observation can differentiate between RPV and PPRV, requiring further differential diagnostics and further delay. Differential immunocapture ELISA is fast and specific but not sensitive enough for clinical samples. Finally, immunofluorescence, histopathology, and immunohistochemistry are very useful techniques for postmortem but not for in vivo diagnostics.
Conventional reverse transcription-PCRs (RT-PCRs) with viral RNA purified from postmortem samples (spleen, lymph node, and tonsil) or in vivo from peripheral blood lymphocytes (PBLs) or swabs from eye or mouth lesions have been used previously (10, 11) . Conventional RT-PCR allows for fast turnaround times, but it is not portable and requires qualified instrumentation available only in centralized laboratory facilities. Real-time RT-PCR (rRT-PCR) has demonstrated superior sensitivity and specificity compared to that of the currently used antigen detection methods of virus isolation and conventional RT-PCR for many diseases of livestock, and it also has proved reliable in generating fast results in a portable format. In addition, it has the capability of preclinical diagnosis in the event of a potential disease outbreak (7, 22, 27) . Here, we present the design and optimization of an rRT-PCR assay and its use for the early detection of RPV in samples from experimentally infected cattle.
MATERIALS AND METHODS
Virus isolates. The viral isolates used in this study were obtained from FADDL-APHIS-USDA (Foreign Animal Diseases Diagnostic Laboratory of the Animal and Plant Health Inspection Service of the USDA) repository collection (Table 1) . These isolates are representative of several geographic areas and include all RPV genetic lineages described to date ( Fig. 1) (26) .
Virus isolation. Tissue and swab samples from experimentally infected cattle were tested for VI in Vero cell cultures by following Office International des Epizooties (OIE) protocols (17) . Briefly, approximately 0.2 g of tissue was homogenated in 1 ml Dulbecco's modified Eagle's medium (DMEM) and clarified by centrifugation, and 50 l of supernatant was used to infect Vero cell monolayers in 96-well plates in quadruplicate, using three 10-fold dilutions (undiluted, 1:10, and 1:100). The presence of cytopathic effect (CPE) in the infected cell was monitored daily up to 7 days postinfection (dpi). Plates were frozen and thawed and used to infect fresh Vero cells. VI was determined by microscopic observation and crystal violet staining. Additionally, all wells corresponding to the same sample were pooled, and the total RNA was extracted and tested by conventional RT-PCR, as previously described (11) , to confirm VI results.
Virus titrations. Serial dilutions of viral suspension were inoculated in Vero cell monolayers with four replicates for each sample and observed for CPE, as described above. Titers were calculated according to Reed and Muench (21) and expressed as log10 50% tissue culture infectious doses (TCID 50 )/ml. RNA extraction. RNA was extracted from 140 l of cell culture supernatant, culture media containing clinical swabs, or buffy coat samples. The RNeasy extraction kit (Qiagen, Stanford, CA) was used for RNA extraction from cell cultures and viral suspensions according to the manufacturer's specifications. 
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in 40 l of RNase-free water and stored at Ϫ70°C until the PCR test was performed.
rRT-PCR. The assay was performed using ABI TaqMan RT-PCR core reagents (Applied Biosystems, product N8080232) with 5 mM Mn(OAc) 2 , 0.1 U rTth DNA polymerase, and 0.2 mM deoxynucleoside triphosphate mix (supplied as 10 mM dilution each and mixed 1:1:1:1 by volume) in a final 25-l reaction mixture. Primer and probe sequences and their positions in the RPV genome are summarized in Table 2 . Molarities for primers and probes were optimized individually and are detailed in Results. Real-time RT-PCR was done using a SmartCycler machine (Cepheid, Sunnyvale, CA). Reverse transcription was allowed to take place for 30 min at 60°C, followed by a 2-min denaturing step at 95°C and 45 amplification cycles of 95°C for 10 s and 55°C for 60 s.
Animal infections. Six steers, weighing approximately 230 kg, were inoculated with 10 4 TCID 50 of the Kabete O strain of RPV by intramuscular injection. Body temperature and clinical samples were taken daily from the infected animals. Clinical signs of infection included fever, conjunctivitis, emaciation, salivation, nasal discharge, respiratory distress, recumbence, mucopurulent discharge through eyes and nose, and complete prostration during the final stages of disease. Clinical samples were collected with Dacron swabs into tubes containing 500 l of DMEM (Invitrogen, San Diego, CA), including nasal, oral, conjunctival, vaginal/preputial, and anal swabs (see Table 7 ). Blood samples were collected into BD Vacutainer cell preparation tubes with sodium heparin (BD, Franklin Lakes, NJ). Buffy coats were separated by centrifugation in a swinging rotor at 1,380 rpm (700 ϫ g) on a Ficoll-Hypaque cushion, collected, and washed three times in phosphate-buffered saline (PBS) and resuspended in 1 ml DMEM. Approximately 7 days postinoculation, all animals were euthanized when found to be moribund. Tissue samples from tonsils, Peyer's patches, lymph nodes, spleen, abomasums, and other areas (see Table 7 ) were collected at necropsy and immediately frozen at Ϫ70°C until use.
RESULTS
Primer-probe design and assay optimization. Genes N, F, H, and L, identified previously as the most conserved regions of the RPV genome (C. Carrillo, A. Vagnozzi, Z. Lu, G. F. Kutish, and D. L. Rock, unpublished data), were selected for the design of five primer-probe sets. Partial RPV sequences available in GenBank were added to the complete array of sequences we had generated in our laboratory (Table 1) and input into Primer Express software (Applied Biosystems, Foster City, CA) for primer-probe design. All of the putative primer-probe sets obtained were blasted against the NCBI nucleotide database and selected based on maximum RPV specificity and the minimum number of mismatches with the RPV sequences. Finally, the primers shown in Table 2 were selected.
Primer-probe sets initially were tested for their ability to detect RPV Kabete O RNA as the template at probe and primer concentrations ranging from 50 to 200 nM and 100 to 500 nM, respectively. Optimal primer-probe combinations (defined as those resulting in the lowest threshold cycle [C T ] value and highest specific fluorescence) were 200 and 400 nM for H, N, and L9, and 100 and 500 nM for F and L10 (Table 3) . Using these optimized conditions, primer-probe sets were tested for the detection of 16 RPV isolates representing the main genetic lineages described for RPV (Table 4) . Only N and L10 primerprobe sets were able to detect all 16 RPV isolates.
Therefore, further optimization continued for these two primer-probe sets only. Annealing temperature optimization using 50, 55, and 60°C did not show significant differences in efficiency for the amplification of the RPV RNA (data not shown). A close RPV relative, PPRV, was used as a genetic near-neighbor RNA target to control for the specificity of the test at each temperature setting. Probe L10 specifically detected RPV at all annealing temperatures and did not detect PPRV at any annealing temperature ( Table 5 ). The N system adequately recognized RPV at the three temperatures tested but showed the nonspecific amplification of PPRV at all annealing temperatures (Table 5) . Therefore, no further testing was done with the N gene primer-probe set.
To determine the effect of annealing temperature in the sensitivity and/or specificity for detecting different RPV strains with the L10 rRT-PCR assay, conditions previously optimized for Kabete O were tested with all seven RPV strains, representatives of all known genetic lineages. The two highest annealing temperatures (55 and 60°C) with the two best primerprobe concentrations (500 and 100 nM and 400 and 200 nM) were tested. No significant differences were observed in relation to the annealing temperatures (data not shown); however, the 400 and 200 nM primer-probe concentration performed better and more consistently in detecting all seven reference isolates (Fig. 2) .
To assess the robustness of the selected conditions for the L10 rRT-PCR assay, 21 repetitions of the same RNA sample (Kabete O) were performed by three separate operators and on four different thermocycler units. No significant differences were observed between runs, indicating that the L10 rRT-PCR was highly reliable to detect RPV RNA within a range of Ϯ2.0 FAM C T (the cycle number at which the fluorescent detector FAM [6-carboxyfluorescein] value increases exponentially and crosses the preassigned threshold) in 21 independent repetitions (data not shown). L10 rRT-PCR assay reproducibility also was analyzed by running 10-fold dilutions of RPV RNA from different RPV isolates: Kabete O (eight replicates), Pakistan (three replicates), Yemen (three replicates), India (two replicates), and Sokoto (five replicates). Results indicated a low degree of variability between runs and viral isolates (Fig. 3) .
Specificity of amplification of L10 rRT-PCR. The analytical specificity of the L10 rRT-PCR assay was tested against a collection of viruses that either show close genetic relationship with RPV (near neighbors) or cause a disease that can be difficult to differentiate clinically from RP (look-alikes). Near neighbors included 17 strains of PPRV from various geograph- ical and temporal origins. Look-alike disease agents tested included bluetongue virus (BTV), bovine viral diarrhea virus (BVDV), bovine herpes virus 2 (BHV-2), seven serotypes of foot-and-mouth disease virus (FMDV), and vesicular stomatitis virus (VSV) serotypes Indiana and New Jersey. The L10
rRT-PCR assay showed no reactivity with any of the 25 non-RPV agents tested (see Table S1 in the supplemental material). Analytical sensitivity and amplification efficiency of L10 rRT-PCR. The analytical sensitivity was determined based on the ability of the assay to detect RNA extracted from different titrated RPV isolates. The RPV suspensions were serially di- 
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RINDERPEST VIRUS REAL-TIME PCR 4097 luted in log10 steps in DMEM in duplicate and RNA was extracted from each sample and tested by rRT-PCR to determine the limit of detection (LOD), defined as the smallest detectable amount of analyte. The assay was repeated for five RPV isolates (Kabete O, Pakistan, Yemen, India, and Sokoto) that encompassed all genetic variants (Fig. 1) . For each isolate, a titration curve was generated with at least three independent RNA extractions from each virus supernatant. After adjustment for extraction (140 l) and sample volume per reaction mix (2.5 l), the LOD values of the five representative RPV isolates ranged from 0.59 to 87.5 TCID 50 per reaction ( Table  6 ). The amplification efficiency (AE) (an indicator of the linearity and efficiency of the amplification reaction [10 (Ϫ1 slope) ] that optimally should be around 2, indicating the doubling of the product in each cycle), ranged from 1.95 to 2.29 (average, 2.13) with an R 2 from 0.992 to 0.999 (average, 0.993), and little variability was observed among the isolates tested (Table 6 , Fig. 3) . Clinical sensitivity. The ability of the L10 rRT-PCR assay to detect RPV RNA was evaluated in clinical samples collected from six steers inoculated intramuscularly with 10 4 TCID 50 of the Kabete O strain of RPV. All animals developed the expected clinical signs of RP disease, including fever beginning at 4 dpi, followed by excessive salivation, dental pad lesions, and ocular and nasal discharges, starting at 5 dpi. This was followed by diarrhea, depression, emaciation and dehydration, mucopurulent nasal and conjunctival discharges, and prostration by 6 to 8 dpi. All animals were euthanized when found moribund by 6 to 8 dpi. At necropsy, no significant differences in the severity of the lesions were found between animals. Clinical samples were collected from 0 to 8 dpi and in postmortem examination at 8 dpi (Table 7) . In general, the L10 rRT-PCR demonstrated preclinical diagnostic value in several samples and better sensitivity than VI. The L10 rRT-PCR was able to detect RPV antigen in conjunctival and nasal swabs as early as 3 dpi (in two and one of four infected animals, respectively) and by 5 and 4 dpi in all four cattle, respectively (Table 7) . This is as early as 3 days before clinical signs were observed. These samples remained positive until the day of euthanasia (8 dpi). Preputial swabs also were positive by 3 dpi, suggesting this as a good in vivo sample. Oral swabs and rectal swabs were late positives, indicating they are not the sample of choice. Buffy coat from heparin blood seemed to be as sensitive as conjunctival and nasal swabs, with positive results by rRT-PCR at 3 dpi, which makes it an excellent in vivo sample of choice for detecting RPV before clinical signs are observed. Blood samples also are obtained as part of surveillance programs for other diseases, providing a possible surveillance tool for RPV. Postmortem samples from infected animals, such as lymph nodes, spleen, Peyer's patches, tonsils, and others, were consistently positive by rRT-PCR.
The L10 rRT-PCR test was compared to the gold-standard method of virus isolation (VI). The results showed that rRT-PCR was able to identify RPV at least 1 or 2 days before VI-positive results, with the advantage that rRT-PCR results are obtained on the same day rather than a week later, as is the case for VI (Table 7) . In some cases, CPE was difficult to identify, probably due to the presence of inhibitors or toxic substances for the cell cultures in the tissue homogenates, giving inconclusive VI results that required confirmation using a conventional RPV RT-PCR test (not shown). In none of the cases was VI more sensitive than L10 rRT-PCR (Table 7) . a The limit-of-detection (LOD) calculation assumes 100% viral RNA extraction recovery. RNA was extracted from undiluted, titrated tissue culture supernatant, and 10-fold serial dilutions were made of the extracted RNA. The positive C T cutoff subsequently was set at Յ35.0.
b The amplification efficiency (the measure of an assay's ability to double product after each cycle) was measured as described in Materials and Methods.
c For RPV Pakistan, the LOD of 10 0.83 is theoretical, using C T Ͻ 40 as the cutoff. Determination of the cycle cutoff values. The optimum cutoff value for L10 RPV rRT-PCR was determined using samples from experimentally infected and noninfected cattle or from tissue culture. A total number of 60 known positive and 85 known negative viral samples were tested by both L10 rRT-PCR and VI followed by a conventional RT-PCR confirmatory test, as described above. The mean C T value of the tissue culture samples known to be positive was 24.58 Ϯ 3.87, while the mean C T value of clinical specimens that were known positives was 31.96 Ϯ 2.67 (␣ Յ 0.05, t test), indicating that even the weakly positive samples were crossing the fluorescence threshold before 35 cycles. No C T values of Ͼ0.00 were detected among the 85 known negative samples after 55 cycles (data not shown), indicating the absence of false positives in that range of cycles and threshold. The DESCRIBE program of the WINPEPI statistical package (www.brixtonhealth.com) was used to calculate the best cutoff point depending on weights given to false positives (FPs) and false negatives (FNs). The resulting optimum cutoff value was 30.89 cycles for equal weights, and amplification for up to 37 cycles resulted in a sensitivity of 100% without compromising the specificity for FNs. Therefore, based on our results of known positives and known negatives, we chose 40 cycles as the cutoff to ensure maximum sensitivity.
DISCUSSION
RP has long been recognized as one of the most devastating diseases of livestock. The Global Rinderpest Eradication Program (GREP) from the Food and Agriculture Organization of the United Nations (FAO), based on the intensive vaccination of susceptible animals, has been ongoing during the last decades. As a result, there has been a significant decrease of reported outbreaks, and there is the potential of a declaration of the total eradication of RPV by 2011 (12, 23) . What remains to be done now is not only to ensure that the virus is not circulating in animal populations but also to ensure that it does not escape (either deliberately or accidentally) from storage virus repositories. RPV recently has been active in many developing countries, disaster zones, and war zones that would need some monitoring for a few more years. Hence, there is a new scientific challenge following the eradication of RP, which is to maintain large-scale surveillance to avoid the reemergence of the disease within a naïve, nonvaccinated, susceptible population. Several factors point out that RP still can pose a major risk, such as (i) the proven capability of the virus to reappear after long periods of absence, as happened in 1994 and 1996, and in 2001 with RPV lineage 2 in wildlife after a period of 30 years of silence (5, 9, 12, 14, 23, 25) ; (ii) the fact that the most recently circulating RPV field isolates had evolved to such mild pathology that they could escape veterinary attention in remote areas (5, 9); and (iii) the difficulties of distinguishing between infected and vaccinated animals by using serological tests, seriously compromising the efforts and achievements of the successful eradication program (www.fao .org). All of these premises lead to a real need for a highly sensitive and specific diagnostic tool based on clinical observation and in vivo samples instead of necropsy findings that can detect the presence of the virus in the absence of clinical signs.
Here, we described a highly sensitive one-step rRT-PCR that is able to detect RPV with high specificity and to provide a differential diagnosis with other look-alike diseases, PPRV, and other closely related viruses. The availability of this rRT-PCR test could aid in the timely and prompt diagnosis both in the laboratory and in the field. The rRT-PCR has been proven to be easily adaptable for the high-throughput monitoring of animals and also can be used in conjunction with a whole diagnostic panel for other diseases. It is accepted to be at least as sensitive and specific as VI, if not more so, and rRT-PCR assays have been widely demonstrated to be capable of early diagnosis in many other animal viral diseases (1, 20, 24, 25) . In addition, test results can be obtained in 2 to 4 h after the arrival of the samples to the laboratory and also can be adapted to the field. We compared the performance of the rRT-PCR on a variety of clinical samples from experimentally infected natural hosts and showed the suitability of this test for the early detection of the RPV RNA in conjunctival or nasal swab and blood specimens before the appearance of clinical symptoms. Blood samples and buffy coat are ideal samples either for surveillance or during an investigation case, and they allow for the detection of the antigen 2 to 3 days before clinical detection. In cases where the bleeding of animals was not feasible, nasal, oral, and/or conjunctival swabs would be samples of choice for epidemiological surveillance and investigation, allowing RPV detection 1 to 2 days earlier than VI. Finally, we confirmed previous evidence indicating the usefulness of lymph nodes as postmortem samples for diagnosis. The detection of infected animals 1 to 3 days before clinical signs are apparent will help in culling infected animals prior to the peak of viral shedding (6) . Virus isolation is widely used as the gold standard for diagnosing RPV infection but can take more than 2 weeks to generate results, allowing ample time for the spread of RPV within a herd (5, 15, 16, 18, 19, 20) . VI reading sometimes is affected by the presence of inhibitors or the toxicity of the tissue homogenates, the bad preservation of the samples, and contamination with other viral, bacterial, or fungal microorganisms.
Out of five different combinations of primer sets tested in this study, only two detected all of the isolates, and just one was specific enough to distinguish RPV from the genetically close relative PPRV. We believe that this difference is not related to the ratio of concentrations of the primer pairs or some other reaction conditions, since those were independently optimized for each primer-probe set. Like other members of the mononegavirales, RPV mRNA transcription is regulated by the order of the genes in the viral genome (3Ј-N-P/C/V-M-F-H-L-5Ј). Transcription proceeds in a stepwise pattern from a single promoter at the 3Ј end of the genome. Therefore, there is a decrease in the abundance of mRNAs as the polymerase complex moves away from the single promoter at the 3Ј end, resulting in L being the least-abundant transcript (3) . Despite this differential expression, the L primer set demonstrated better sensitivity, suggesting that sequence conservation in the L gene may play a more important role in detection than differential mRNA expression.
The L10 rRT-PCR assay did not display cross-reactions with other viruses, such as PPRV, BHV-2, BTV, BVDV, FMDV, and VSV, indicating a high degree of specificity for RPV. Although the L10 test was based on a conserved genomic area, it is possible that new variants not detectable by the assay can emerge if RPV resurfaces. In that case, further field validation will be needed to ensure the validity of this test as a diagnostic tool. In summary, the one-step L10 rRT-PCR assay described in this report is a simple, sensitive, specific, and rapid method for the detection of RPV in field samples from live or dead animals.
